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A strain of Bacillus bacteria, which was able to increase the molecular 
weight (M) of black liquor (BL) lignin through polymerization, enabling the 
subsequent industrial use of lignin, was isolated and characterized. This 
study is believed to be the first time that actual bacteria cells, rather than 
pure laccase, have been used to polymerize BL lignin. Black liquor is a 
toxic waste product from the pulp and paper industry that contains lignin. 
However, the M of lignin is too low for commercial use. The bacteria 
performed two processes. First, the bacteria produced laccase, which 
degraded lignin into low M aromatic compounds (LMWACs). Second, the 
laccase transformed the LMWACs into quinone intermediates, which 
polymerized and became high M lignin. Five bacterial strains were isolated 
from a pulp mill, and the best strain was selected. The optimum growing 
conditions and BL concentration were determined. The optimum growth 
conditions when using pure lignin were 1 g/L lignin, 5 g/L urea, and 35 °C. 
When using BL instead of pure lignin, the optimum concentration was 2% 
BL (v/v).  This information could help develop effective industrial utilization 
of BL lignin. 
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INTRODUCTION 
 

Black liquor (BL) is produced as a toxic waste product from the pulp and paper 

industry, and is characterized by a dark brown color, high initial temperature, strong odor, 

highly alkaline pH, high chemical oxygen demand (COD; 200000 mg/L), and high 

biochemical oxygen demand (BOD; 40000 mg/L to 50000 mg/L). Manufacturing 1 ton of 

paper produces approximately 150 m3 of BL (Pokhrel and Viraraghavan 2004). Black 

liquor contains valuable lignin, but the molecular weight (M) of lignin is too low for 

commercial use and must first be increased. 

Until recently, retrieval of usable lignin has only been accomplished through the 

use of certain fungi to polymerize the lignin (Brzonova et al. 2017). The bacteria described 

in this study are the first known alternatives to fungi that can polymerize BL lignin and 

render it commercially useful. Even though BL is toxic because of its large number of 

organic compounds, certain microorganisms are able to survive in BL, adapt 

physiologically, and remain active (Wang et al. 2010). This study isolated and 

characterized a toxin-tolerant strain of Bacillus bacteria that can be used to increase the M 
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of BL lignin in preparation for subsequent industrial use. Optimum conditions for growing 

the bacteria were also determined. 

This bacterial strain increases the M of lignin with two processes. First, the bacteria 

degrade the lignin into low M aromatic compounds (LMWACs) by secreting the enzyme 

laccase. Second, the laccase converts the LMWACs to quinone intermediates, which 

polymerize and become high M lignin. In biological treatment systems, a wide variety of 

microorganisms have been utilized for lignin biodegradation. Several bacterial strains have 

been observed to degrade and assimilate lignin (Chandra et al. 2007), but only a few strains 

have been isolated based on their toxin tolerance, such as tolerance to furfural, 5-hydroxy 

methyl furfural (HMF), and acetic acid. These toxins are potential inhibitors to microbial 

growth. They damage microbes by reducing enzymatic and biological activities, breaking 

down DNA, and inhibiting protein and RNA synthesis (Okuda et al. 2008). Fungi have 

also been considered for use as agents to biodegrade lignin, but fungi have shown weaker 

performances compared with bacteria when exposed to extreme environmental conditions 

(Chandra and Bharagava 2013). This study therefore used bacteria, rather than fungi, to 

degrade and polymerize BL lignin. 

According to Ghoul and Chebil (2012), the balance between lignin degradation and 

fragment polymerization depends on the reaction temperature, solvents added, enzyme 

origin, and lignin structure. This study demonstrated the promise and possibilities of using 

laccase-producing bacteria to make lignin from BL commercially usable and valuable. The 

optimum conditions for growth of the isolated strain were evaluated to determine the 

effects of the lignin concentration, temperature, nitrogen source, and nitrogen source 

concentration on the degradation and polymerization of lignin. Finally, the optimum BL 

concentration was determined to make lignin commercially useful. 

 

 

EXPERIMENTAL 
 

Materials 
All of the reagents used were of analytical grade. Lignin (alkali) was purchased 

from Aldrich (St. Louis, USA). 

 

Sample Collection and Media Composition 
To begin isolating toxin-tolerant bacteria, three kinds of samples were collected in 

sterile containers from the Environment Pulp & Paper, Ltd. (EPPCO) mill in Nakhon 

Sawan province, Thailand. This mill processes sugarcane bagasse to produce pulp by the 

soda process. Specifically, the three samples collected from the site were BL-contaminated 

soil, sediment from activated sludge, and liquid seeping out from the bagasse heap. Two 

kinds of isolation medium were used and referred to as mMXYP (modified Malt extract, 

Xylose, Yeast extract, and Peptone) and mPDB (modified Potato & Dextrose Broth). The 

mMXYP contained 3 g/L malt extract, 20 g/L xylose, 3 g/L yeast extract, and 5 g/L peptone 

(Yewale et al. 2016). Added to this base were acetic acid, 5-HMF, and furfural at 

concentrations of 2.1 g/L, 0.25 g/L, and 0.6 mL/L, respectively. The mPDB contained 200 

g/L potatoes and 20 g/L glucose. Added to this base was 2 mL/L furfural. The pH of the 

mPDB was adjusted to 5.5 (Zhang et al. 2013). 
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Bacterial Isolation, Purification, and Screening 
Altogether there were six culture flasks, three for each of the two media (modified 

MXYP and modified PDB), and within those three, there was one for each sample type 

(BL-contaminated soil, sediment from activated sludge, and liquid seeping out from the 

bagasse heap). A 10-g (= 10 mL) aliquot of the sample material was inserted to inoculate 

each Erlenmeyer flask that contained 90 mL of mMXYP or mPDB broth. After that, the 

flasks were incubated aerobically in a temperature-controlled shaking incubator (120 rpm) 

at 40 °C for 36 h. Samples from the flasks were then spread on agar plates, one plate for 

each flask for a total of six plates, that contained a corresponding, but non-toxic medium 

(i.e., MXYP agar or PDA agar, no added toxins). The various colonies that grew on the 

agar plates were then purified using the cross-streak technique. A total of five 

phenotypically different bacterial colonies were picked out, selected from across all six 

plates, and designated as 2B2-1ligB, 6B2-Al, MXYP5, mPDA7, and MMX3. These 

isolated strains were freeze-dried in ampoules and deposited at the Thailand Institute of 

Scientific and Technological Research (TISTR) Culture Collection. 

The most lignin-tolerant bacteria was sought by screening for lignin tolerance using 

alkali lignin on agar plates of mineral salt medium (MSM) containing 2.4 g/L Na2HPO4, 

2.0 g/L K2HPO4, 0.1 g/L NH4NO3, 0.01 g/L MgSO4, and 0.01 g/L CaCl2 (Chandra et al. 

2011) amended with six different lignin concentrations (100 mg/L, 200 mg/L, 300 mg/L, 

400 mg/L, 500 mg/L, and 600 mg/L) and with or without a combination of 1% glucose and 

0.5% peptone (w/v) as additional carbon and nitrogen sources (Chandra et al. 2007). 

Unfortunately, all five strains were equally tolerant. 

A separate test was done to determine which various lignin-related LMWACs the 

bacteria could tolerate, such as vanillin, ferulic acid, p-hydroxybenzoic acid, t-cinnamic 

acid, gallic acid, guaiacol, and syringic acid. This second test was performed on MSM agar 

plates that contained the various LMWACs (50 mg/L) as the sole source of carbon and 

energy. The plates were incubated at 30 °C and growth was observed for 6 d (Raj et al. 

2007c). This experiment was used to identify an effective lignin degrader because these 

LMWACs are the basic components of lignin moieties, including p-coumaryl alcohol (H 

units), coniferyl alcohol (S units), and sinapyl alcohol (G units), that build natural lignin 

polymers (Raj et al. 2007c). 

 

16S rDNA Identification 
Whole DNA was prepared from pure cultures of the five bacterial strains. The 16S 

rRNA gene was amplified using universal eubacterial primers (Narde et al. 2004) and was 

BLAST searched in the NCBI nucleotide database to identify the strains. 

 

Black Liquor Analysis 
Physico-chemical analysis of the black liquor 

Fresh BL was collected from the EPPCO mill and analyzed by testing for the pH, 

BOD, COD, total dissolved solids (TDS), and heavy metals as per the methods described 

in APHA, AWWA, WEF (2012). The BL-dissolved lignin content was determined by the 

Pearl-Benson method (Pearl and Benson 1940). The lignin content of the BL was 

determined by the acid precipitation method. The initial pH of the BL was in the range of 

12 to 13, and the final pH values of the BL were adjusted to between 2 and 1 by adding 

concentrated sulfuric acid, followed by vigorous mechanical stirring for 30 min. Then, the 

solutions were centrifuged at 5000 rpm for 15 min. The pellets were carefully washed with 

either distilled water or high-performance liquid chromatography (HPLC)-grade water 
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(using two separate beakers) to eliminate impurities. Finally, either distilled water or 

HPLC-grade water was added (depending on the beaker) to the precipitate to make a slurry. 

The slurry was oven-dried overnight at 105 °C to remove the moisture. 

 

Comparing the lignin structures using FTIR 

To prepare the Fourier transform infrared (FTIR) spectroscopy samples, KBr 

crystals were mixed with the precipitated lignin powder and the mixture was mechanically 

pressed to create transparent discs, according to the method by Minu et al. (2012). Each 

strong peak in the FTIR spectra was labeled. 

 

Growth Analysis 
Bacterial growth in the high black liquor concentration 

Cotton-plugged Erlenmeyer flasks (250 mL) containing autoclaved (15 min at 121 

°C) 10% BL diluted with MSM media (BL-MSM), without a supplement source or pH 

adjustment, were used to inoculate pure cultures (1% v/v on NB) of all five isolated strains. 

These flasks were incubated at 40 °C and 200 rpm for 144 h. A sample from each flask 

was analyzed for the pH (ST3100 OHAUS, Parsippany, USA) and viable cell count on 

nutrient agar plates using the serial dilution technique. Final samples from the flasks were 

collected to analyze the final product for the LMWACs using gas chromatography-mass 

spectroscopy (GC-MS). 

 

Determining the optimum conditions for lignin degradation 

The process of lignin degradation was optimized with different nutritional and 

environmental parameters, namely the lignin concentration, temperature, nitrogen source, 

and nitrogen source concentration. To do so, a full factorial design was conducted with 

Erlenmeyer flasks (250 mL). 

Prior to preparing the experimental flasks, one inoculum flask (as a bacteria source) 

was prepared. That inoculum flask had an initial base medium of 0.5 g/L lignin MSM 

media, along with 5 g/L glucose and 5 g/L peptone. After sterilization and cooling, the 

flask was inoculated with a loopful of the isolated 2B2-1ligB strain and then incubated for 

24 h in a rotary shaking incubator. 

The full factorial design had 16 possible parameter combinations, and there were 

two identical flasks for each combination. The flasks contained a base of MSM media 

supplemented with 5 g/L glucose (Raj et al. 2014) and was not pH adjusted. Added to this 

base were the specific materials for each parameter combination. The various parameters 

were the lignin concentration (1 g/L and 2 g/L), incubation temperature (35 °C and 40 °C), 

nitrogen source (sodium nitrate and urea), and nitrogen source concentration (2.5 g/L and 

5 g/L). At this point the flasks were sterilized for 20 min at 110 °C, and then cooled to 

room temperature. 

The finished contents of the single inoculum flask were used to inoculate the 32 

experimental flasks at a rate of 10% (v/v). The inoculated experimental flasks were then 

put in an incubator and agitated at 200 rpm for 6 d. 

During the 6 d of experimental flask incubation, samples were collected daily at 

approximately the same time, starting at 24 h (1 d after inoculation) and finishing at 144 h 

(6 d after inoculation). At each sampling time, two samples were taken from each 

experimental flask. The first of these two samples was analyzed for cell growth using two 

separate tests (A620 and CFU/mL). The second sample was centrifuged at 5000 rpm for 15 

min. The resulting supernatant was referred to as the base supernatant. A portion of the 
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base supernatant was diluted with phosphate buffer (pH = 7.6) and its absorbance was 

measured at 465 nm for color and at 280 nm for acid-soluble lignin on an ultraviolet-visible 

spectrophotometer (7315 Jenway, Bibby Scientific Ltd., Stone, Staffordshire, UK) 

(Chandra et al. 2007). Because the results of the acid-soluble lignin test were not as 

expected, an alternative acid-insoluble lignin test was also performed. 

A second portion of the base supernatant was used to precipitate the acid-insoluble 

lignin. To do that, 2.5 mL of the supernatant were brought to a pH between 2.5 and 3.0 

with HCl. The lignin was allowed to precipitate overnight and was then centrifuged and 

resolubilized in 0.5% (w/v) NaOH. After proper dilution, the (acid-insoluble) absorbance 

at 280 nm was measured (Ulmer et al. 1983). 

A third portion of the base supernatant was used for the laccase assay. The assay 

was performed by adding 1.0 mL of base supernatant to 10 mM guaiacol (prepared in 100 

mM phosphate buffer, pH = 7.0) and incubating the mixture for 15 min at 30 °C. The 

absorbance was measured at 470 nm (Arora and Sandhu 1985). One unit (U/mL) of enzyme 

activity was defined as the amount of enzyme required to oxidize 1 µmol of substrate per 

min under assay conditions. 

Finally, a fourth portion of the base supernatant was analyzed for the pH. The 

experiments were conducted in duplicate and the data were presented as the average. 

 

Lignin degradation and polymerization under the optimum conditions 

After determining the optimum parameters for lignin degradation in the previous 

section, the best performing bacterial strain (2B2-1ligB) was introduced to the optimum 

conditions (i.e., lignin concentration, temperature, nitrogen source, and nitrogen source 

concentration) and the resulting bio-reaction was observed for 144 h of incubation. During 

that time, the following types of information were collected at 24-h intervals: cell turbidity, 

cell viability, acid-insoluble lignin levels, acid-soluble lignin levels, color, laccase levels, 

and pH. 

 

Black liquor concentration optimization 

As will be discussed later, a high BL concentration was not a suitable carbon source 

for bacterial growth. Therefore, the effects of four low BL concentrations on the bacterial 

growth were analyzed. Twelve Erlenmeyer flasks (250 mL) containing 150 mL of 1% to 

4% BL-MSM medium supplemented with 5 g/L glucose and 5 g/L urea were sterilized for 

20 min at 110 °C. The flasks were inoculated with 15 mL of 24-h grown 2B2-1ligB culture 

(from the same inoculum flask used in the previous procedure), with an inoculum size of 

10% (v/v). The inoculated flasks and controls (uninoculated growing medium) were 

incubated at 35 °C and 200 rpm for 144 h. Samples were taken at 24-h intervals after 

inoculation and analyzed for growth, acid-soluble lignin, acid-insoluble lignin, color, 

laccase activity, and pH. The final samples (collected at 144 h after inoculation) were 

analyzed for LMWACs using GC-MS and lignin M using size exclusion chromatography 

(SEC). The experiments were conducted in triplicate. Data were presented as the mean. 

 

GC-MS analysis 

A GC-MS analysis (GC7890 A MS5973C, Agilent Technologies, Santa Clara, 

USA) was used to verify BL detoxification. The four final samples (50 mL) and controls 

from the low BL concentration procedure were centrifuged (5000 rpm for 20 min) to 

remove suspended solids. The supernatants were acidified to a pH of 1 to 2 with 

concentrated HCl and thoroughly extracted with three volumes (50 mL) of ethyl acetate. 
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The organic layer was collected, dewatered over anhydrous Na2SO4, and filtered through 

Whatman no. 54 filter paper. The residues were dried under a stream of nitrogen gas. The 

ethyl acetate extract residues were analyzed as trimethyl silyl derivatives. Next, dioxane 

(100 µL) and pyridine (10 µL) were added to the sample, followed by a silylated reagent 

that contained 50 µL of trimethyl silyl and trimethylchlorosilane (99:1). The mixture was 

heated at 60 °C for 15 min with periodic shaking to dissolve the residues, and then analyzed 

by GC-MS as described by Raj et al. (2007b). 

 

SEC analysis 

A SEC analysis was used to verify lignin polymerization. Beginning in the same 

manner as for the GC-MS analysis, the final samples (50 mL) and controls from the low 

BL concentration procedure were centrifuged (5000 rpm for 20 min) to remove suspended 

solids. The supernatants were analyzed using Waters Ultrahydrogel columns (Milford, 

USA) at 40 °C and a NaOH flowrate of 0.6 mL/min. Before injection into the columns, the 

samples were adjusted to 50 mM NaOH by adding 5 M NaOH. Column calibration was 

performed with narrow distributed pullulan-standards (Rittstieg et al. 2002). 

 

 

RESULTS AND DISCUSSION 
 

Isolation and Screening of the Lignin-degrading Bacteria 
The five bacterial strains that were isolated from the pulp mill samples were 

identified with 16S rDNA sequencing, and the results are shown in Table 1. The isolates 

identified were all in the Bacillus genus. This species is common in the polluted 

environment of pulp mills and has naturally developed a tolerance against toxins, such as 

lignin, acetic acid, furfural, and 5-HMF. 

 

Table 1. 16S rDNA Identification of the Isolated Bacterial Strains 

TISTR 
No. 

Original 
Code 

Source of Isolation Name of Microorganism 
Similarity 

(%) 

2580 2B2-1LigB BL-contaminated soil 

Bacillus subtilis subsp. 
inaquosorum 

99.86 

Bacillus tequilensis 99.86 

Bacillus subtilis subsp. 
subtilis 

99.80 

2581 6B2-Al BL-contaminated soil Bacillus subtilis 100.00 

2582 MXYP5 
Sediment from activated 

sludge 
Bacillus licheniformis 99.92 

2583 mPDA7 BL-contaminated soil Bacillus subtilis  100.00 

2584 MMX3 
liquid seeping from 

bagasse heap 
Bacillus subtilis 100.00 

Note: The TISTR number is the ID number of the isolated strains deposited at the Culture 
Collection of the Thailand Institute of Scientific and Technological Research. 

 

Similar results were previously obtained from both 16S rDNA sequencing and 

polymerase chain reaction-denaturing gradient gel electrophoresis analysis. Yang et al. 

(2010) reported a bacterial community that occurred naturally in alkaline BL, all of which 

belonged to the dominant genera Alkalibacterium, Clostridium, Halomonas, and Bacillus. 
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The Bacillus genus appeared in all four libraries and showed the lowest variations, which 

suggested that Bacillus was the most stable group in all of the samples. The global problems 

of how to detoxify BL and make it reusable could be addressed by the use of these 

microorganisms (Yang et al. 2010). 

Similar aerobic lignin-degrading strains were also previously isolated from pulp 

and paper mills by others. For example, Raj et al. (2007c) isolated eight bacterial strains 

on kraft lignin mineral salt medium (L-MSM) agar with glucose and peptone from the 

sludge of pulp and paper mills. The ITRC-S8 strain was selected for identification by 16S 

rRNA gene sequencing. This isolate shared 95.8% of its identity with the strain B. 

thuringiensis and 95.2% with the standard ATCC isolates B. thuringiensis and B. cereus. 

More recently, B. ligniniphilus L1 was isolated from sediment from the South China Sea 

by Zhu et al. (2017), who used GC-MS and proteomic analysis to confirm the ability of 

strain L1 to degrade lignin. The toxin tolerance isolation test yielded rather specific results. 

Only the Bacillus sp. survived the high concentration of toxins. 

The isolated bacteria were screened for tolerance of different lignin concentrations 

(100 mg/L to 600 mg/L), as is shown in Table 2. All of the isolates showed tolerance for 

growth on the L-MSM agar in the presence and absence of glucose and peptone during the 

screening procedure. These strains showed fast and luxuriant growth at various lignin 

concentrations after 24 h (with supplementation) and 72 h (without supplementation) of 

incubation. However, only slight growth was shown at 600 mg/L lignin without glucose 

and peptone (Table 2). These findings indicated that a high lignin concentration could 

inhibit bacterial growth. These bacterial screening results showed greater tolerance than 

the earlier results from Chandra et al. (2007), who screened for tolerance and observed no 

growth of different bacterial isolates in L-MSM media without supplementation. 

The results of the test done to find out which various lignin-related LMWACs the 

bacteria could tolerate are shown in Table 3. Those results showed that the five isolated 

strains were able to grow on all seven versions of the LMWACs medium. Each isolated 

strain consumed a wide range of the lignin-related LMWACs within 72 h. This suggested 

that the isolated strains had a great capacity for tolerating toxic LMWACs. That is why 

these isolates were detected by an earlier toxin tolerance isolation technique. The 

successful growth on the lignin-related compounds suggested a capacity to degrade lignin. 

These screening experiments provided useful information related to lignin 

degradation by Bacillus sp., which might assist future works. 

 

Black Liquor Analysis 
Physico-chemical analysis of the black liquor 

The results of the physico-chemical analysis of the BL taken from sugarcane 

bagasse at the pulp mill (before bacterial treatment) are shown in Table 4. These results 

indicated that the BL had high levels of COD, BOD, TDS, heavy metals, and lignin. With 

the high pH of the BL, these compounds all contributed to making the BL toxic to the 

environment. The BL wastewater sample was determined to be of complex character with 

a low biodegradability (BOD/COD) of 0.159. The parameters in the BL sample resembled 

the results of Zheng et al. (2013) for a reed pulp mill. The black color of BL is because of 

its lignin and lignin derivatives, according to Raj et al. (2007a). Two different methods 

were used to determine the lignin content in the BL (Pearl-Benson method and H2SO4 

precipitation method). The results of the two methods were quite different because the 

Pearl-Benson method can measure all of the lignin present, but the H2SO4 precipitation 

method can only measure the lignin that precipitates (Minu et al. 2012). 
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Table 2. Screening for Tolerance Patterns of Various Bacterial Isolates with and without Glucose and Peptone 

Strain  

100 ppm Lignin 200 ppm Lignin 300 ppm Lignin 400 ppm Lignin 500 ppm Lignin 600 ppm Lignin 

1% Glu 
and 

0.5% 
Pep 

0% Glu 
and 
0% 
Pep 

1% Glu 
and 

0.5% 
Pep 

0% Glu 
and 
0% 
Pep 

1% Glu 
and 

0.5% 
Pep 

0% Glu 
and 
0% 
Pep 

1% Glu 
and 

0.5% 
Pep 

0% Glu 
and 
0% 
Pep 

1% Glu 
and 

0.5% 
Pep 

0% Glu 
and 
0% 
Pep 

1% Glu 
and 

0.5% 
Pep 

0% Glu 
and 
0% 
Pep 

2B2-1 
LigB 

+++ ++ +++ ++ +++ ++ +++ ++ +++ ++ +++ ++ 

6B2-Al +++ ++ +++ ++ +++ ++ +++ ++ +++ ++ +++ ++ 

MXYP5 +++ ++ +++ ++ +++ ++ +++ ++ +++ ++ +++ ++ 

mPDA7 +++ ++ +++ ++ +++ ++ +++ ++ +++ ++ +++ + 

MMX3 +++ ++ +++ + +++ + +++ + +++ + +++ + 

Control - - - - - - - - - - - - 

Note: Glu = glucose; Pep = peptone; +++ = fast and luxuriant growth; ++ = moderate growth; + = slow growth; and - = no growth (Chandra 
et al. 2007) 

 

Table 3. Investigating the Tolerance of the Bacterial Strains to Various Lignin-related LMWACs 

Strain 
Isolate Growth on MSM-agar Plates Containing Lignin-related LMWACs at 50 mg/L (pH = 7.6) 

Vanillina Ferulic Acida p-Hydroxybenzoic Acida t-Cinnamic Acida Gallic Acida Guaiacola Syringic Acida 

2B2-1 LigB +++ +++ ++ + + + +++ 

6B2-Al +++ +++ +++ +++ + + +++ 

MXYP5 ++ +++ +++ +++ + +++ +++ 

mPDA7 +++ +++ +++ +++ +++ +++ +++ 

MMX3 ++ +++ +++ +++ + + +++ 

Control - - - - - - - 

Note: a: analysis within 72 h, with 0% glucose and 0% peptone; +++ = fast and luxuriant growth; ++ = moderate growth; + = slow growth; 
and - = no growth (Raj et al. 2007c) 
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Table 4. Physico-chemical Characteristics of the Untreated BL 

Parameter BL 

pH* 12.8 

BOD (mg/L)* 25800 

COD (mg/L)* 161680 

TDS (mg/L)* 93176 

TKN (mg/L)* 350 

Color (CU) 361702 

Lignin (mg/L) (Pearl and Benson 1940) 58840 

Precipitated Lignin (mg/L)  
(precipitation by H2SO4) 

11814 

Cd (mg/L)* 0.09 

Cu (mg/L)* 0.2 

Fe (mg/L)* 35.2 

Mn (mg/L)* 2.8 

Ni (mg/L)* 0.6 

Zn (mg/L)* 0.8 

* Detection provided by Project On Environmental Services (Faculty of Environment and Resource 
Studies, Mahidol University, Thailand 

 

The precipitate from the H2SO4 precipitation method was confirmed to be lignin by 

FTIR analysis, after comparison with a commercial lignin sample (Aldrich, St. Louis, 

USA) as a reference (Fig. 1). According to Upton and Kasko (2016), lignin isolated by acid 

precipitation has a great purity. 

The FTIR spectra of the precipitates from the BL were nearly identical with the 

spectrum of the commercial lignin. For example, the strong and broad peak at 3395 cm-1 

to 3399 cm-1 was characteristic of OH groups and phenolic compounds. The two bands at 

1598 cm-1 to 1607 cm-1 and 1513 cm-1 were characteristic of aromatic rings. This result 

showed that the precipitates from the BL were lignin. 

 

 

Precipitate 1 
(Distilled Water Wash) 



 

PEER-REVIEWED ARTICLE  bioresources.com 

 

 

Sapapporn et al. (2019). “Black liquor & bacteria,” BioResources 14(1), 1049-1076.  1058 

 

 
 
Fig.1. FTIR absorption bands for the BL lignin samples and commercial lignin 

 
 
Analysis of the Bacterial Growth in the High Black Liquor Concentration 

The isolated bacterial growth in a 10% BL medium without supplementation is 

shown in Fig. 2A. The pH of the same medium is shown in Fig. 2B. 

 

Precipitate 2 
(HPLC Water Wash) 

Commercial Lignin 
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(A) 

 
(B) 

 
Fig. 2. (A) Growth of strain 2B2-1ligB during 144 h of incubation with 10% BL and without 
supplementation (no glucose or nitrogen); and (B) pH of the same medium 

 

Cell growth of all of the strains (on the high BL concentration medium without 

supplementation) decreased during the first 24 h of incubation, followed by a slight 

increase in the growth. Of the five bacterial strains, the growth of strain 2B2-1ligB stood 

out from the others and reached maximum cell growth after 120 h of incubation. This 

demonstrated adaptation of this strain to a harsh medium (Fig. 2A). The ability of strain 

2B2-1ligB to grow better than the other strains is important because a bacterial strain that 

is a robust, stable lignin degrader, even under extreme environmental and substrate 

conditions, such as a high pH, limited oxygen, and a high lignin concentration, is needed 

for the detoxification treatment of BL (Bugg et al. 2011). 

A slight decrease in the pH was noted in the 10% BL medium (Fig. 2B). This pH 

change was not caused by the bacterial growth, but rather by the oxidation of the culture 

medium during agitation. This phenomenon showed that a high BL concentration inhibited 

the growth of bacteria. 

The results of the GC-MS analysis can be seen in Table 5. The ethyl acetate extracts 

after 144 h of cultivation showed low molecular weight compounds in the BL control. 

Major peaks detected in the control samples at different retention times (RT) were butanoic 

acid (5.97), propanoic acid (8.75), hexanoic acid (8.82), acetic acid (8.88), succinic acid 

(10.97), benzaldehyde (11.44), trimethylsilyl vanillin (12.52), benzoic acid (13.03), 

trimethylsilyl 3,5-dimethoxy-4-(trimethylsilyloxy) benzoate (14.51), p-coumaric acid 

(14.78), hexadecanoic acid (15.16), ferulic acid (15.48), and 9,12-octadecadienoic acid 

(16.02). 
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Table 5. GC-MS Analysis Identified the Presence of the Following Compounds in the Final Five BL Samples after 
Treatment 

RT 
(min) 

Identified Compound 
Control 

(No Bacteria) 

2B2-1ligB 6B2-Al MMX3 MXYP5 mPDA7 
 %De  %De  %De  %De  %De 

5.87 Trisiloxane √ √ -5 √ -30 √ 3 √ -16 √ -6 

5.97 Butanoic acid √ √ 42 √ 53 √ 36 √ 24 √ 33 

7.04 Trifluoromethyl-bis-(trimethylsilyl) methyl ketone √ √ 14 √ 31 √ 1 √ 1 √ 5 

7.55 Pentanoic acid √ √ 43 √ 48 √ 36 √ 26 √ 33 

8.53 Silane √ − 100 √ 58 − 100 − 100 − 100 

8.75 Propanoic acid √ √ 47 √ 47 √ 42 √ 30 √ 38 

8.82 Hexanoic acid √ √ 50 √ 51 √ 43 √ 32 √ 39 

8.88 Acetic acid √ √ 39 √ 37 √ 32 √ 20 √ 30 

9.56 Propanoic acid √ √ 61 √ 44 √ 57 √ 40 √ 56 

9.77 Heptanoic acid √ √ 55 √ 49 √ 45 √ 31 √ 42 

10.00 Propanoic acid √ − 100 − 100 √ 47 √ 36 √ 42 

10.37 Butanoic acid √ √ 49 √ 47 √ 46 √ 42 √ 39 

10.56 Octanoic acid √ − 100 √ 51 − 100 √ 26 − 100 

10.97 Butanedioic acid √ − 46 √ 49 √ 43 √ 28 − 33 

11.06 Pyrotartaric acid √ √ 49 − 100 √ 48 √ 31 √ 42 

11.44 Benzaldehyde √ √ 51 √ 49 √ 47 √ 29 √ 38 

11.71 Hydrocinnamic acid √ √ 52 √ 53 − 100 − 100 − 100 

12.19 Malic acid √ − 100 − 100 √ 26 √ 13 √ 29 

12.52 Trimethylsilyl vanillin √ √ 46 √ 47 √ 45 − 100 − 100 

12.71 Pentanedioic acid √ √ 45 − 100 √ 42 √ 7 √ 37 

13.03 Benzoic acid √ √ 47 √ 53 √ 41 √ 20 √ 33 

13.50 3,5-dimethoxy-4-trimethylsilyloxybenzaldehyde √ √ 63 √ 66 √ 62 √ 60 √ 36 

13.77 Hydrocinnamic acid √ − 100 √ -50 − 100 − 100 − 100 

13.80 Vanillic acid − √ - − - − - √ - − - 

13.80 Benzoic acid √ − 100 − 100 √ 44 − 100 √ 29 

14.51 Benzoate √ √ 62 √ 55 √ 48 √ 40 √ 50 

14.78 p-Coumaric acid √ √ 47 √ 44 √ 41 √ 26 √ 35 

15.11 Vanillyl lactic acid − − - − - − - √ - √ - 

15.16 Hexadecanoic acid − √ 68 √ 61 √ 62 √ 40 √ 52 

15.48 Ferulic acid √ √ 58 √ 51 √ 61 √ 49 √ 68 

16.02 9,12-octadecadienoic acid √ − 79 √ 76 √ 74 √ 36 √ 65 

16.17 Octadecanoic acid √ − 100 − 100 − 100 − 100 − 100 

Notes: √ = present; - = absent; %De = degradation of each compound was calculated from the initiation of the absorption peak area minus 
the inoculation of the absorption peak area; negative degradation numbers indicate an increasing amount of the compound
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According to Yan and Qi (2014), acidic compounds, such as those identified in the 

BL sample, are commonly produced during the degradation of sugarcane, which happens 

at a pulp mill. Examples of acidic compounds in the GC-MS analysis list include butanoic 

acid (5.97), pentanoic acid (7.55), propanoic acid (8.75), hexanoic acid (8.82), acetic acid 

(8.88), heptanoic acid (9.77), and butanedioic acid (10.97). 

As can be seen in Table 5, some compounds were degraded by the inoculated 

bacteria. These included silane (8.53), propanoic acid (10.00), octanoic acid (10.56), malic 

acid (12.19), hydrocinnamic acid (13.77), benzoic acid (13.80), 9,12-octadecadienoic acid 

(16.02), and octadecanoic acid (16.17). The bacterial strain 2B2-1ligB was able to degrade 

these recalcitrant compounds under harsh conditions. These results showed only limited 

lignin degradation because the inoculated bacteria could not flourish in a high BL 

concentration without supplementation. 

The GC-MS analysis results for the high BL concentration showed that each of the 

five isolated strains was able to degrade its own particular set of recalcitrant compounds. 

Of the five strains, 2B2-1ligB was selected for investigating the optimum conditions for 

lignin degradation because it was able to adapt and survive in high BL concentrations. 

To find the optimum BL concentration for bacterial growth, the experiment was 

performed again using four lower BL concentrations. 

 
Parameter Optimization 

Strain 2B2-1ligB was selected to determine the optimum conditions for the efficient 

degradation of lignin on MSM broth with commercial lignin. Commercial lignin was used 

because it was pure lignin and avoided contaminants from the BL. The nitrogen sources 

selected were NaNO3 and urea. 

 

Table 6. Lignin Degradation Percentage of Each Experiment as Calculated from 
the Acid-insoluble Lignin 

Run 
Lignin 

Conc.(g/L) 
Temperature 

(°C) 
Nitrogen Source 

(NS) 
NS Conc. 

(%w/v) 
Lignin Degradation* 

(%) 

1 1 35 NaNO3 0.25 1.56 

2 2 35 NaNO3 0.25 3.85 

3 1 40 NaNO3 0.25 0.00 

4 2 40 NaNO3 0.25 0.07 

5 1 35 Urea 0.25 1.19 

6 2 35 Urea 0.25 0.14 

7 1 40 Urea 0.25 1.91 

8 2 40 Urea 0.25 0.00 

9 1 35 NaNO3 5.00 6.42 

10 2 35 NaNO3 5.00 13.37 

11 1 40 NaNO3 5.00 8.30 

12 2 40 NaNO3 5.00 1.49 

13 1 35 Urea 5.00 79.23 

14 2 35 Urea 5.00 5.58 

15 1 40 Urea 5.00 39.79 

16 2 40 Urea 5.00 0.00 

* Lignin degradation percentage was calculated from the acid-insoluble lignin 
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Determining the optimum conditions for lignin degradation 

Table 6 shows the results of the full factorial design experiment to optimize the 

parameters for lignin degradation. 

The results in Table 6 show that lignin degradation varied greatly depending on the 

situation. The best result was obtained from Run 13 with 1 g/L lignin, a temperature of 

35 °C, urea as the nitrogen source, and a 5% (w/v) nitrogen source concentration. The 

maximum lignin degradation percentage was 79.2%. The second-best result was obtained 

from Run 15 with 39.8% lignin degradation. The conditions in Run 15 were the same as 

those of Run 13, except the temperature was higher (40 °C). The percentages of lignin 

degradation based on acid-insoluble lignin were calculated using the method from Ulmer 

et al. (1983). The culture media composition, temperature, and nitrogen source 

concentration affect cell growth and enzymatic production to support lignin degradation. 

The results of this parameter combination can be seen in Fig. 3. In every experiment, strain 

2B2-1ligB produced detectable laccase when it was grown in lignin-added media (lignin 

as an inducer for laccase production), but only the optimum conditions showed maximum 

lignin degradation.  

 

Lignin degradation and polymerization under the optimum conditions 

Lignin degradation was observed under the optimum conditions. The results 

provided further insight into lignin degradation and polymerization by strain 2B2-1ligB. 

These results are shown in Fig. 3. 

The lignin concentration, temperature, nitrogen source, and nitrogen source 

concentration had a great effect on the growth and laccase production of the selected strain. 

The optimum conditions for strain 2B2-1ligB growth were determined to be a MSM 

medium with 1 g/L lignin, 5 g/L glucose, 5 g/L urea, and a temperature of 35 °C (incubation 

for 144 h at an agitation rate of 200 rpm). 

Growth of the single bacterial strain 2B2-1ligB was measured by the cell viability 

(Fig. 3; red line) and cell turbidity (Fig. 3; blue line). Based on the cell viability test, cell 

growth appeared modest for the first 48 h of incubation and then increased sharply, 

reaching peak growth at 72 h. However, in reality, the growth probably increased steadily, 

even during the first 24 h. The first 24 h of growth only appeared flat because, while many 

cells were reproducing, many were also dying initially because they could not adapt to the 

culture medium. 

In contrast, cell growth based on the turbidity test rose steadily for the first 24 h, 

and then growth continued at a steady, mostly unchanged rate until 72 h. The fact that cell 

growth as measured by both methods began to decline after 72 h indicated that the bacteria 

ran out of nutrients. 

During the incubation period, the rate of laccase production (Fig. 3; pink line) rose 

sharply during the first 24 h, with a mostly unchanged laccase production rate after that 

until 120 h, at which time the production rate increased again. Laccase only attacks the 

phenolic subunits of lignin, which leads to Cα oxidation, Cα-Cβ cleavage, and aryl-alkyl 

cleavage. Laccase is able to reduce one molecule of dioxygen to two molecules of water, 

while performing one-electron oxidation of a wide range of aromatic compounds. This 

oxidation results in an oxygen-centered free radical, which can then be converted to 

quinone via a second enzyme-catalyzed reaction. The quinone and free radicals can then 

undergo polymerization (Viswanath et al. 2014). 

 



 

PEER-REVIEWED ARTICLE  bioresources.com 

 

 

Sapapporn et al. (2019). “Black liquor & bacteria,” BioResources 14(1), 1049-1076.  1063 

 

 
(A) 

 
(B) 

 
Fig. 3. (A) Strain 2B2-1ligB growth under the optimum conditions for lignin degradation; and (B) 
pH during growth of strain 2B2-1ligB under the optimum conditions 

 

Kim et al. (2017) successfully prevented quinone methide formation and 

repolymerization during lignin depolymerization by chemo-selective blocking of the 

phenolic hydroxyl (Ar-OH) group by methylation. The quinone methide intermediates are 

partly responsible for repolymerization reactions. In the same way, acid-soluble lignin (Fig. 

3; green line) increased from 5.85 to 6.55 (absorbance at 280 nm, A280) during incubation, 

which was different from the lignin degradation reported by Zhu et al. (2017). Lignin 

degradation showed that the A280 was reduced from 0.36 to 0.22 during incubation. This 

meant that approximately 38.9% of the lignin was degraded by B. ligniniphilus L1. As a 

result, the quinone methide intermediates were possibly formed in the medium by laccase. 

The amount of acid-soluble lignin measured by the A280 wavelength absorbance 

(green line) did not decrease, which was counter to expectations. In fact, it increased by 

12.0%. The amount of acid-insoluble lignin (Fig. 3; black line) was measured at the same 

time, and the acid-insoluble lignin decreased after 48 h of incubation. It reached a minimum 
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level (79%) at 96 h as the lignin degraded. This decrease was similar to the results of Ulmer 

et al. (1983). 

As it degrades, lignin releases LMWACs, also called mediators. Mediators are 

small enough to penetrate the highly impermeable lignin structure to oxidize non-phenolic 

aromatic groups because laccase is only able to oxidize phenolic end groups in lignin. This 

process is called the laccase-mediator system, and a number of naturally-occurring 

components have been suggested as potential redox mediators in vivo (Areskogh et al. 

2010).  

The acid-insoluble lignin began to increase because of polymerization after 

reaching its minimum level at 96 h, increased sharply from 120 h onward, and returned to 

its initial value (before incubation) at 144 h. 

The color units (purple line) increased by 34.3% (measured after 144 h of 

incubation). This increase in color was similar to the results of Fernaud et al. (2006), who 

found that laccase produces an early intense functionalization by introducing both 

chromogene (e.g., C=O) and auxochrome groups (e.g., -OH) into laccase-treated lignin. 

Furthermore, these groups combined with quinones and contributed to the color change 

observed in the reaction mixture (Fernaud et al. 2006). In the current study, the initial color 

units of the culture media were 1275 PtCO. The culture media went through a modest color 

decrease during the first 24 h, probably because of lignin degradation. After 24 h, the color 

of the media increased because of polymerization. After the full 144 h, the color units had 

increased to 1713 PtCO. 

The pH of the solution (Fig. 3B) decreased in response to the growth of the bacteria 

for the first 24 h, and then the pH increased. This pH change was similar to the results of 

Raj et al. (2007c). 

 

Black Liquor Concentration Optimization 
The above results showed the degradation and polymerization of pure lignin (not 

BL) under optimum conditions. The next procedure determined the best BL concentration 

for producing high M lignin. 

 

Growth analysis in the 1% to 4% BL 

The effects of four low BL concentrations on bacterial growth are shown below. 

The information collected in each case was the bacterial growth (as cell viability and cell 

turbidity), lignin (acid-insoluble and acid-soluble lignin), color units, amount of laccase, 

and pH. 

Figure 4 illustrates representative growth of the bacterial strain 2B2-1ligB in four 

different concentrations of BL. At 1% BL, the bacteria grew quickly during the first 24 h, 

followed by slower growth from 24 h to 48 h. After 48 h, the bacteria content remained 

more or less unchanged until 144 h (Fig. 4A; red and blue lines). Because this initial growth 

was not seen in the control in Fig. 4B, which had no glucose or urea, the bacteria in Fig. 

4A probably consumed the glucose and urea in the beginning, and after that it consumed 

low molecular weight compounds (LMWCs) that were released when laccase degraded the 

lignin. 

In the 1% BL control, which had no glucose or urea (Fig. 4B), the bacterial growth 

decreased during the first 24 h because this BL concentration had fewer LMWCs to fuel 

growth. During the 24-h to 72-h period, the bacteria were able to grow and produce laccase 

by consuming LMWCs, and after that bacterial growth decreased because of dwindling 

LMWCs (Fig. 4B; red line). 
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With 2% BL (Fig. 4C), there was less bacterial growth in the first 48 h than with 

the previous concentration of 1% BL. However, the growth in the first 48 h was more or 

less stable, unlike the two-step growth in the first 48 h with 1% BL. The 2% flask stopped 

growing after 48 h, and after that, the bacteria content remained at approximately the same 

level until 144 h, though still lower than that in the 1% flask. The 2% BL flask produced a 

bit more laccase than the 1% BL flask (pink line). The acid-insoluble lignin reached its 

lowest level at 72 h. After that it increased, returning to its original levels. This changing 

level of acid-insoluble lignin showed that lignin degradation occurred, followed by lignin 

polymerization (Fig. 4C; black line). 

In the 2% BL control, which had no glucose or urea (Fig. 4D), the bacteria took 72 

h to adapt to the new environment, and then it was able to grow. Laccase production was 

first observed at 96 h. The inhibitory effect of the concentrated BL adversely affected 

metabolism of the bacteria cells (Fig. 4D; red and blue lines). The acid-insoluble lignin 

increased slightly at 96 h. Polymerization was first observed at 96 h even with no prior 

degradation of lignin to release LMWCs. That was because BL also contains naturally-

occurring LMWCs. After 96 h, these compounds were still available to the bacteria to fuel 

growth. The increase in acid-insoluble lignin showed that polymerization occurred in the 

media because of bacterial laccase (Fig. 4D; black line), even though lignin degradation 

was not detected in the culture medium (no decreasing black line). The decrease in the 

acid-insoluble lignin showed that supplementation (glucose and urea) was necessary to fuel 

growth and cause lignin degradation for polymerizing high M lignin. 

Growth inhibition of the bacteria by lignin did not appear to occur with either a 1% 

or 2% supplemented BL concentration. However, with 3% BL (Fig. 4E), the growth was 

clearly inhibited in the first 24 h because of the higher BL concentration. The bacteria 

probably took 24 h to adapt to the new environment, and they were able to grow after that, 

reaching a maximum population at 48 h, which remained unchanged until 144 h. The 

amount of laccase was inhibited by the higher BL concentration, which reflected the initial 

inhibition of the bacteria. The fastest production of laccase occurred between 24 h to 48 h. 

This high amount of laccase degraded the lignin, which lowered the amount of acid-

insoluble lignin (black line), but polymerization began at 72 h and the amount of acid-

insoluble lignin increased, eventually returning to its original level and even a bit higher. 

This increase in acid-insoluble lignin clearly showed that polymerization occurred in the 

reaction. In the 3% BL control without glucose or urea (Fig. 4F), the bacteria grew slowly 

during 24 h to 48 h of incubation (Fig. 4F; red and blue line). This growth showed that the 

bacteria consumed small compounds in the BL, which caused the amount of acid-insoluble 

lignin to decrease (Fig. 4F; black line). The amount of laccase was inhibited by the high 

BL concentration because the bacteria were not able to grow (Fig. 4F; pink line). 

Finally, with 4% BL (Fig. 4G), the bacteria took 48 h to adapt. After that the growth 

increased sharply, reaching peak growth at 72 h. Then, the growth continually decreased 

until 144 h because of BL inhibition (Fig. 4G; red and blue lines). This adaptation and 

subsequent decrease in bacteria clearly showed growth inhibition of the bacteria by the BL. 

The laccase production was also inhibited by the BL at the start of incubation. The amount 

of laccase increased at 72 h when bacteria grew (Fig. 4G; pink lines). 

In the 4% BL control without glucose or urea (Fig. 4H), the bacterial growth 

decreased early in the incubation process. Then, the bacteria were able to grow slowly, 

which was observed first at 48 h of incubation (Fig. 4H; red line). When bacteria grew 

(from 0 h to 48 h), the amount of acid-insoluble lignin decreased. After that, the amount of 

acid-insoluble lignin increased. The increase in the amount of acid-insoluble lignin 
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indicated that polymerization occurred (Fig. 4H; black line). Only a small amount of 

laccase was detected because the bacteria were not able to grow effectively (Fig. 3H; pink 

line). 

The culture media color units basically did not change with any of these BL 

concentrations, supplemented or not. There were only slight increases. The color results 

showed that when lignin polymerization occurred in the media, it became darker. This was 

because the strain 2B2-1ligB was not able to produce cellobiose:quinone oxidoreductase 

(CBQase) for the reduction of quinone during laccase-catalyzed lignin degradation 

(Westermark and Eriksson 1974) or quinone dehydrogenase enzyme for decolorization of 

the BL lignin (Bandounas et al. 2013). The diversity of the Bacillus sp. showed that some 

strains degraded lignin without decolorization/mineralization, but continued lignin 

polymerization. 

 
(A) 

 
(B) 

 
(C) 
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(H) 

 
 

Fig. 4. Growth of bacteria strain 2B2-1ligB during 144 h of incubation with four different 
concentrations of BL: A and B = 1%; C and D = 2%; E and F = 3%; G and H = 4%; flasks A, C, E, 
G also contained 5 g/L glucose and 5 g/L urea; flasks B, D, F, and H were controls and contained 
no glucose or urea; in all of the cases, the temperature was 35 °C and the agitation rate was 200 
rpm. 
 

The pH of the media with the four BL concentrations was measured during 

incubation, as is shown in Fig. 5.  

 

 
A 

 
B 

 

 
 

Fig. 5. pH of the (A) non-supplemented BL media and (B) supplemented BL media 
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The pH of the non-supplemented 1% and 2% BL media (Fig. 5A) decreased in 

response to the growth of bacteria. With 1% BL, the pH decreased during the first 48 h 

because the bacteria were able to grow in this BL dilution (black line). With 2% BL, the 

strain was able to grow for the first 96 h, and so the pH decreased during the same period. 

The slight decrease in the pH of the non-supplemented 3% and 4% BL media (red and 

green lines) was not caused by bacteria, but by oxidation of the media during agitation, as 

was mentioned previously. 

The swift decrease in the pH in the 1% and 2% (v/v) BL media supplemented with 

glucose and urea indicated that these two dilution rates were conducive to bacterial growth 

because the bacteria took little time to adapt and begin to grow, especially with 2% BL. 

The pH of the 2% BL media decreased more than the pH of the 1% BL media (Fig. 5B; 

blue line). In contrast, 3% and 4% BL were not conducive to bacterial growth. 

To summarize these various BL concentration trials, less bacterial growth occurred 

when the BL concentration was higher, regardless of supplementation. Inhibition of the 

bacteria by the BL affected the degradation and polymerization of lignin because these two 

processes were dependent upon bacterial growth. The bacteria cells produced laccase, 

which degraded lignin and released LMWCs (i.e., phenolic compounds and organic 

compounds) into the media. A large amount of LMWCs was released during lignin 

degradation, which are called natural mediators, and some turned into quinone 

intermediates. These natural mediators and quinone intermediates were used during 

polymerization to produce high M lignin, similar to the experiment by Prasetyo et al. 

(2010). The mediators, because of their small size, were able to oxidize lignin in a way that 

was impossible for the large laccase molecule itself to do. This process is referred to as the 

laccase-mediator system, and it provides new insight into potential biotechnological 

applications of the bi-functionality of bacteria. Bi-functionality in this case refers to 

detoxification (i.e., degradation) and bioremediation (i.e., polymerization) (Jeon and 

Chang 2013) of the BL lignin. 

The polymerization of lignin using fungi has been reported in several studies. For 

example, Lara et al. (2003) has reported that treatment of BL with the fungus Trametes 

elegans in liquid media caused degradation and polymerization even though no nutrients 

were added. At the same time, Font et al. (2003) cultured the fungus T. versicolor for BL 

detoxification. The M distribution of the initial and final effluent (after treatment) profiles 

suggested a possible polymerization from low to high M compounds. Recently, Brzonova 

et al. (2017) observed the fungus Coriolus versicolor in liquid media containing 2 g of 

kraft lignin. The kraft lignin was first solubilized in 2.0% (v/v) dimethyl sulfoxide 

(DMSO), and then distilled water was added. The M of the kraft lignin increased. Finally, 

Ramalingam et al. (2017) concluded that laccase-catalyzed polymerization by oxidative 

coupling dominated over oxidative cleavage (lignin degradation). Although laccase has the 

potential to cleave lignin in the presence of mediators to phenol-containing monomers or 

dimers, these phenolic compounds may undergo re-polymerization more readily under 

similar reaction conditions (Ramalingam et al. 2017). 

The next procedures used GC-MS and SEC to verify that degradation and 

polymerization occurred. 

 

GC-MS analysis 

After the above growth experiments using BL, GC-MS was used to confirm that 

BL lignin degradation occurred. This can be done through GC-MS by checking the lignin 
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degradation products in the final samples and comparing them with the non-incubated 

samples (Table 7). 

The GC-MS detection of propanoic acid (7.68), hexanoic acid (7.76), pentanoic 

acid (9.13), butanedioic acid (10.04), 1-hexadecene (11.85), and p-coumaric acid (13.79) 

in the non-autoclaved BL sample were attributed to chemical degradation of lignin because 

of the pulping process. 

The presence of compounds in the non-incubated sample (0 h), such as laevulic 

acid (8.48), urea (9.65), phosphoric acid (9.80), propanoic acid (10.21), 3-hydroxy glutaric 

acid (11.16), benzoic acid (12.10), and cinnamic acid (13.00, 13.76), were attributed to the 

release of thermal degradation products produced under the elevated temperature and 

pressure of the autoclave. After the media were incubated with the strain 2B2-1ligB for 

144 h, the presence of LMWCs was checked through testing, but pentanoic acid (6.33), 

propanoic acid (7.68), hexanoic acid (7.76), butanedioic acid (10.04), propanoic acid 

(10.21), malic acid (11.18), cinnamic acid (14.52), and 9,12-octadecadienoic acid (15.00) 

were not found when compared with the initial culture medium (0 h). This data confirmed 

that the bacteria could degrade lignin. 

Looking at the degradation percentages of the degraded compounds, acetic acid 

(7.86), propanoic acid (8.44), laevulic acid (8.48), butanedioic acid (10.04), pyrotartaric 

acid (10.13), 3-hydroxy glutaric acid (11.16), 1-hexadecene (11.85), cinnamic acid (13.76), 

and hexadecanoic acid (14.24) were considerably degraded during detoxification by the 

laccase-producing bacteria. The toxicity reduction that was achieved indicated 

polymerization occurred (Font et al. 2003). 

These laccase-producing bacteria have potential for not only producing commercial 

lignin and detoxifying wastewater, but also for enhancing biogas production by reducing 

compounds that inhibit biogas production. Schroyen et al. (2017) investigated successful 

laccase pretreatment of phenolic compounds that inhibit biogas production during 

anaerobic digestion. A combination of enzymatic detoxification and subsequent biogas 

production showed that a decrease in the phenolic compounds by laccase treatment could 

considerably lower the inhibition levels of biogas production. 

The negative degradation percentages of benzoic acid indicated the formation of 

intermediate compounds as a result of lignin degradation. The intermediate compounds 

underwent de-aromatization through the so-named central pathway, and then different 

intermediary metabolites, such as acetyl-CoA, succinyl-CoA, and pyruvate, were produced 

to enter the tricarboxylic acid cycle (Fuchs et al. 2011). Benzoic acid was used as an energy 

source for cell production. This accumulation of benzoic acid was similar to the results of 

Sachan et al. (2006). 

There were some compounds other than benzoic acid that were also produced as 

intermediate compounds by 2B2-1ligB growth, namely octamethyl trisiloxane (7.78), 

unknown (8.03), benzeneacetic acid (9.90), and benzoate (13.59) (Table 8). The small 

compounds could effectively strengthen the catalysis of laccase to polymerize lignin as 

natural mediators (2-methoxyphenol, etc.). Laccase oxidized these small molecules, 

including lignin, to phenoxy radicals with a concomitant reduction in oxygen. Thus, the 

generated phenoxy radicals are unstable and reactions involving polymerization and 

depolymerization of lignin can take place (Leonowicz et al. 1985). 

 The GC-MS results showed that the lignin was degraded by the bacteria. The BL lignin 

was degraded in three ways: the bacteria degraded some compounds, reduced the amount 

of some compounds, and produced some intermediate compounds. 
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Table 7. Compounds Identified from the Four Different Low BL Concentrations and Corresponding Degradation 

RT (min) Identified Compound 
1% 
BL* 

Inoculated BL (Autoclaved) 

1% (v/v) 2% (v/v) 3% (v/v) 4% (v/v) 

0 h 144 h %De 0 h 144 h %De 0 h 144 h %De 0 h 144 h %De 

6.33 Pentanoic acid √ √ − 100 √ − 100 √ − 100 √ √ 66 

7.68 Propanoic acid √ √ − 100 √ − 100 √ − 100 √ √ 12 

7.76 Hexanoic acid √ √ − 100 √ − 100 √ − 100 √ √ 73 

7.78 Octamethyl trisiloxane − − − − − √ − − √ − − − − 

7.86 Acetic acid √ √ √ 35 √ √ 44 √ √ 39 √ √ 26 

8.03 Unknown − − √ − − √ − − − − − − − 

8.44 Propanoic acid √ √ √ 84 √ √ 83 √ √ 64 √ √ 34 

8.48 Laevulic acid − √ √ 53 √ √ 43 √ √ 35 √ √ 37 

8.52 Ethanedioic acid − − − − − − − √ − 100 √ − 100 

8.60 Propanoic acid − √ − 100 √ √ 73 √ √ 58 − √ 0 

8.80 Heptanoic acid √ √ − 100 − − 0 √ − 100 √ √ 57 

9.13 Pentanoic acid √ − − − − − − √ − 100 √ − 100 

9.17 Malonic acid − − − − − − − √ − 100 √ − 100 

9.34 2-Methoxyphenol √ − − − − − − √ √ 7 √ − 100 

9.65 Urea − √ √ 39 √ √ 62 √ √ 63 √ √ 41 

9.80 Phosphoric acid − √ √ 2 √ √ 55 √ √ 59 √ √ 35 

9.90 Benzeneacetic acid − − − − − − − − √ − − − − 

10.04 Butanedioic acid √ √ √ 72 √ − 100 √ √ 92 √ √ 21 

10.13 Pyrotartaric acid √ √ √ 32 √ √ 40 √ √ 35 √ √ 39 

10.21 Propanoic acid − √ − 100 √ − 100 √ − 100 √ √ 0 

11.16 3-Hydroxy glutaric acid − √ √ 54 √ √ 58 √ √ 53 √ √ 39 

11.18 Malic acid − − − − − − − − − − √ − 100 

11.80 Pentanedioic acid − √ √ 1 √ − 100 √ √ 62 √ √ 63 

11.85 1-Hexadecene √ √ √ 23 √ − 100 √ √ 53 − − - 

12.10 Benzoic acid − √ √ -159 √ √ -208 √ √ -197 √ − 0 

12.84 Hydrocinnamic acid √ − − − − − − − √ − − − − 

12.87 Benzoic acid − √ − 100 √ √ 32 √ √ -14 √ √ 57 

13.00 Cinnamic acid − √ − 100 √ − 100 √ − 100 √ √ 35 

13.01 p-Coumaric acid √ − − − − √ − − √ − − − − 

13.59 Benzoate √ − √ − − − − − − − − − − 

13.76 Cinnamic acid − √ √ 98 √ √ 89 √ √ 46 √ √ 44 

13.79 p-Coumaric acid √ − − − − − − − − − − − − 

14.24 Hexadecanoic acid √ √ √ 42 √ √ 44 √ √ 48 √ √ 47 

14.52 Cinnamic acid √ √ √ 96 √ − 100 √ √ 77 √ √ 51 

15.00 9,12-Octadecadienoic acid √ √ − 100 √ − 100 √ − 100 √ √ 44 

15.02 Oleic acid √ √ √ 38 √ √ 36 √ − 100 √ √ 41 

15.13 Octadecanoic acid √ √ √ 31 √ √ 19 √ √ 21 √ √ 40 

15.82 9-Octadecanamide − √ √ 43 √ √ 6 √ √ -16 − − − 

Table 7 notes:  √ = present; - = absent; 1% BL* = non-autoclaved BL; %De = degradation percentage of each compound was calculated from the area peak 

at 0 h and the area peak at 144 h for each BL concentration 
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SEC analysis 

To verify lignin polymerization, SEC analysis was used to determine the M of the 

lignin in the samples from the four BL concentrations collected after 144 h of cultivation. 

The M of the lignin in the control samples with the same BL concentrations taken at 0 h 

was also checked to compare the two weights. If the results showed that the M of the lignin 

in the final samples was higher than that of the initial samples, then it was indicated that 

polymerization occurred. After measuring the initial and final Ms in each set, the percent 

M change (% M) was calculated. The effectiveness of various polymerization methods can 

be compared by comparing the resulting percent M change. Table 8 shows the initial and 

final Ms of lignin in four different BL concentrations before and after treatment with the 

current bacterial strain 2B2-1ligB. 

Table 8 shows that the greatest change in the lignin M, which indicated the greatest 

amount of polymerization, occurred in the 2% BL solution (26.4% M change). Although 

the 1% and 3% BL solutions were not as hospitable to the bacteria (13.0% and 14.1% M 

change, respectively), polymerization nevertheless occurred in those two solutions as well 

(as indicated by their positive percent M changes), albeit to a lesser extent than in the 2% 

BL solution. The 4% BL solution was too concentrated for the bacteria to tolerate, and so 

polymerization did not occur (-7.2% M change), and only degradation occurred, which was 

indicated by the negative percent M change. When BL emerged from the pulping process, 

it naturally contained pieces of lignin in many different sizes, with some pieces quite 

broken down. That was the situation in all of the solutions at 0 h. After 144 h of incubation, 

these different-sized pieces of lignin were merged by the laccase through polymerization 

into large pieces of high M lignin. The various changes in the percent M showed how 

polymerization was accelerated by using the optimum BL concentration. 

 

Table 8. M Analysis and Percent M Change of the Samples at Four Different BL 
Concentrations 

Sample Average M (Dalton) % M Change 

1%, 0 h 17757.97 
12.98 

1%, 144 h 20408.58 

2%, 0 h 13939.09 
26.41 

2%, 144 h 18943.02 

3%, 0 h 14394.39 
14.09 

3%, 144 h 16756.14 

4%, 0 h 12686.07 
-7.16 

4%, 144 h 11838.85 

 

When Brzonova et al. (2017) used fungi (C. versicolor) to polymerize kraft lignin, 

they were able to increase the lignin M from 4690 Da to 28760 Da (61.3% M change) by 

polymerization in liquid media that contained 2 g of kraft lignin and 2 vol.% DMSO, at a 

temperature of 29 °C for 6 d. The current study is believed to be the first to utilize bacteria 

to degrade and polymerize BL lignin. Utilizing bacteria rather than fungi for this purpose 

had the advantages of taking less preparation time and requiring fewer supplementary 

ingredients in the medium. Most importantly, fungi research has only been done using pure 

commercial lignin, not BL. These bacteria have a natural tolerance for extreme 

environmental conditions, like those found in BL, where the current study showed that the 

bacteria can operate effectively. Because of the extreme environment of the BL, fungi may 

not even be able to survive in it. 
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To summarize the results and discussion of the current study, the toxin tolerance 

technique isolated a specific spore-forming bacterial strain with the ID 2B2-1ligB, which 

by producing laccase, caused phenolic removal of BL (lignin degradation) and lignin 

polymerization. This showed that strain 2B2-1ligB could be used for detoxification and 

bioremediation of BL. The strain could be useful to treat BL before wastewater treatment. 

The optimum conditions for growth determined above should apply: a 2% BL 

concentration, supplementation of 5 g/L glucose and 5 g/L urea, a temperature of 35 °C, 

and agitation at 200 rpm. Six days after the start of inoculation, high M lignins were 

harvested by acid precipitation and subsequent filtration or sedimentation. After lignin 

harvest, the final waste could be sent to the activated sludge process to reduce the color 

and other contaminants. The high M lignin can serve as a replacement for various 

petroleum-derived chemicals, including resins, plastics, and fillers (Allen et al. 1980). 

 

 

CONCLUSIONS 
 

1. Five Bacillus sp. were isolated from a pulp mill, after which the single strain 2B2-1ligB 

was selected to determine the optimum conditions for lignin degradation. When the 

optimum conditions were utilized, a 79.2% lignin degradation was obtained. Those ideal 

conditions were lignin concentration 1 g/L, temperature of 35 °C, and urea concentration 

of 5 g/L. The full process demonstrated lignin degradation, followed by polymerization. 

2. The best BL concentration for growth of the strain 2B2-1ligB and enhancement of the M 

of lignin was 2% (v/v). 

3. Degradation of the BL lignin by the bacteria was demonstrated by the subsequent absence 

of small recalcitrant compounds, while polymerization of the BL lignin was demonstrated 

by the increase in the M. In light of these results, the strain 2B2-1ligB showed great 

potential for application in the bio-refinery process, where it could generate additional 

income by recovering commercial grade lignin from BL. 

4. The A280 wavelength absorbance of the acid-soluble lignin remained practically 

unchanged, which was unexpected. However, degradation was subsequently confirmed 

by GC-MS testing. 
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